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Abstract 

Since 1950, global plastic production has increased from 2 to over 400 million tonnes annually, yet 

there are still no unified global regulatory frameworks that address this issue. Although 

microplastics are recognized as emerging contaminants in marine environments, little is known 

about their impact on meiofauna and their associated biogeochemical processes. This study 

investigated how meiofauna, oxygen dynamics, and the nitrogen cycle respond to polyethylene 

microplastics (µPE) in estuarine sediments from the west coast of Sweden. Three different 

concentrations of weathered polyethylene were added to sediment cores. Concentrations of µPE 

significantly reduced total meiofauna abundance by up to 45%. In particular, the reduction in 

nematode abundance (65%) led to a shift in meiofauna´s community composition from nematode 

dominated to foraminifera dominated. Furthermore, this shift led to a reduction in meiofauna-

mediated bioturbation, resulting in a significant decrease of oxygen penetration depth (OPD). 

While µPE enhanced coupled nitrification- denitrification (Dn), the shallower OPD presumably 

reduced denitrification efficiency, promoting benthic nitrous oxide (N2O) release. High µPE 

addition also significantly increased the rate of dissimilatory nitrate reduction to ammonium 

(DNRA). These results suggest that meioturbation may regulate benthic biogeochemical processes 

and enhance Dn efficacy by promoting deeper OPD. Further research on how plastic pollution 

affects marine biogeochemistry in coastal and open ocean is needed. 
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Elena Romero Vergara 
 
Popular scientific summary 
 
We've all seen plastic bottles and bags floating in the ocean, but not all plastic waste floats. A lot 
of it breaks down into small fragments called microplastics, which sinks and ends up settling into 
the seafloor. Microplastics, tiny plastic particles less than 5 mm in size, have invaded marine 
environments, including the muddy bottoms of estuaries. Estuarine sediments are hotspots for 
plastic pollution since they receive large amounts of waste from human activities, from industries 
to sewage plants. So, what happens to life in the mud? This study aimed to investigate how 
microplastics affect microscopic animals called meiofauna, and how these plastics alter oxygen 
dynamics and the nitrogen cycle (how nitrogen circulates between the atmosphere, land and ocean) 
in estuarine sediments. Why does this matter? Because these small organisms help keeping the 
seafloor alive and healthy. By their everyday life activities such as grazing and feeding, they mix 
the sediment (a process called bioturbation), transporting oxygen deeper into the seabed, and 
facilitating natural processes that removes the excess of nitrogen from the marine environment and 
back to the atmosphere.  
 
Sediments from the west coast of Sweden were exposed to varying amounts of polyethylene 
microplastics, in a laboratory setting designed to mimic natural conditions. After two weeks, the 
results were clear: the more plastic, the fewer the meiofauna. Nematodes, the most common 
meiofaunal group, were particularly affected, reaching a 
decline of about 65%. With fewer meiofauna, oxygen couldn't 
reach deeper sediment layers, disrupting the balance of 
nitrogen processes. Instead of the excess nitrogen being 
removed as dinitrogen, a harmless gas, the sediment began 
releasing nitrous oxide, a greenhouse gas 300 times more 
potent than carbon dioxide. The highest concentration of added microplastics caused sediments to 
retain nitrogen. In real estuaries, this nitrogen retention, or nutrient overload, can contribute to 
eutrophication. Interestingly, some meiofauna capable of removing nitrogen excess trough 
respiration, such as some foraminifera, showed more resilience to plastic pollution. The results 
shows that even small amounts of microplastics can literally disrupt entire ecosystems from the 
bottom up. This highlights the essential role of meiofauna in maintaining environmental balance 
and points to the need for more realistic research into how plastic pollution affects real-life marine 
conditions. 
 
Supervisors: Stefano Bonaglia & Lok Shan Cheung 
Degree Project: MAR704, 60 credits in Marine Science with a major in Marine Geology, 2025. 
Department of Marine Science, University of Gothenburg.  
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1. Introduction  

Microplastics (MPs), are small fragments of synthetic materials made from polymers, usually 

ranging from 1 μm to 5 mm in size. MPs are considered as emerging contaminants (Marcharla et 

al., 2024) and are found in almost all marine habitats (Harris, 2020). Despite the notable increase 

in global plastic production, from 2 to over 400 million tonnes annually since 1950 (Gavlová et al., 

2025), there is no unified global regulatory framework to address this type of pollution (Marcharla 

et al., 2024). It has been suggested that accumulation in coastal marine environments will 4-fold 

by 2050 (Lebreton & Andrady, 2019). Particularly, the ultimate sink for MPs is marine sediments 

(Harris, 2020). Despite MPs being buoyant particles, they eventually end up settling on the seafloor 

via two main processes. The first is through biofouling, which increases their density by biofilms 

formation. The second is through their incorporation into marine aggregates (marine snow) or 

faecal pellets (Harris, 2020; Seeley et al., 2020). Once deposited on the seafloor, MPs particles 

physically behave like natural sediments, accumulating and becoming part of the sedimentary 

layers (Moncer et al., 2025). Among marine environments, coastal and estuarine environments are 

hotspots for the accumulation of MPs (Fulfer & Walsh, 2023; Harris, 2020) due to the proximity 

to human activities (Fulfer & Walsh, 2023). While MPs particles consequently accumulate in 

estuarine sediments, research on their biogeochemical impacts remains limited. 

Estuarine sediments are not only major sinks for MPs but also the critical site for marine 

biogeochemical cycles, due to their high organic carbon content and abundance of benthic 

organisms (Jørgensen et al., 2022). High primary productivity leads to high pelagic sedimentation 

(Libes, 2009) and sediment accumulation rates (Harris, 2020). This results in high organic matter 

supply onto the seafloor, which fuels sediment remineralization processes (Glud, 2008). The O2 

dynamics across the sediment-water interface are regulated by both microbial diagenesis rates and 

the rates of bioirrigation and bioturbation (Soetaert et al., 1996), which in turn influence 

biogeochemical processes in coastal sediments. Bioirrigation refers to the movement of water 

through marine sediments, and thus to the transport of solutes, caused by the pumping activities of 

burrowing benthic organisms. On the other hand, bioturbation refers to the physical mixture of 

sediments caused by benthic organisms when burrowing and feeding. The transport of solutes can 
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drastically alter chemical gradients at the sediment-water interface (Libes, 2009). Total O2 uptake 

(TOU) is a well- established proxy for the total carbon mineralization rates in sediments. Sediment 

TOU is the sum of diffusive O2 uptake (DOU) and fauna-mediated O2 uptake (FOU), which are 

the sum of O2 consumption prompted by microbial-driven chemical re-oxidation processes and the 

faunal respiration (Glud, 2008), respectively. Typically, sediment TOU can be quantified through 

total O2 consumption as a function of time. Additionally, determination of O2 penetration depth 

(OPD),  which refers to the thickness of the oxic zone in sediments (Ridall et al., 2024), allows 

quantification of DOU contribution to TOU (Glud, 2008), and which is largely influenced by 

activities of benthic organisms (Libes, 2009). 

Redox conditions and the availability of dissolved inorganic nitrogen (DIN) in estuarine 

environments are, along with, key factors controlling nitrogen cycle and the production of the 

potent greenhouse gas nitrous oxide (N2O) (Murray et al., 2015). Nitrogen cycling processes are 

mainly regulated by microbial processes (Fig. 1). Nitrification is the process by which ammonium 

(NH4+) is oxidized to nitrite (NO2-) and then nitrate (NO3-) under oxic conditions . Nitrous oxide is 

produced during nitrification as a by-product of hydroxylamine (NH2OH) oxidation to NO2- 

(Wrage et al., 2001). Also, nitrification can lead to N2O production at low O2 concentrations 

(Goreau et al., 1980), thought nitrifier denitrification, in which NO2- from NH4+ oxidation is 

reduced (Wrage-Mönnig et al., 2018). Denitrification is an anoxic process (O2 concentrations <5 

µM) in which denitrifiers reduce NO3- or NO2- to dinitrogen (N2). Approximately 65% of marine 

denitrification occurs in coastal and estuarine sediments due to steep oxygen gradients and high 

organic matter content (Libes, 2009). Denitrification is therefore a vital process in these ecosystems 

which tend to have excess nitrogen, because it mitigates eutrophication (Bonaglia et al., 2014). On 

the other hand, dissimilatory nitrate reduction to ammonium (DNRA) retains fixed nitrogen in the 

ecosystem since it yields NH4+ (Bonaglia et al., 2014). Although microbially driven, nitrogen 

cycling is strongly influenced by meiofaunal activity (Bonaglia & Nascimento, 2023). 
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Fig. 1: Simplified illustration of nitrogen cycle for key processes. Ammonification refers to the microbial 
conversion of dissolved organic nitrogen into NH4

+ (Libes, 2009), and Anammox refers to the anaerobic 
oxidation of NH4

+ to N2 coupled to the reduction of NO2
- (Thamdrup & Dalsgaard, 2002). Modified from 

Bonaglia et al., (2014). 

Meiofauna are microscopic benthic animals classified by their body size (44 µm to 1 mm) (Giere, 

2009). They are the most phyletically diverse fauna on Earth (Schratzberger & Ingels, 2018) and 

their abundance in estuarine sediments averages 1,000 individuals per 10-3 m-2 (Coull, 1999). 

Although their role is often overshadowed, meiofauna-mediated effects are linked to increased 

resilience of the benthic ecosystem (Schratzberger & Ingels, 2018). Meiofauna, through 

(meio)bioturbation, transport solutes such as O2 and NO3- from the overlying water into the 

sediments (Coull, 1999), and can double solute transport rates in muds (Aller & Aller, 1992). 

Meiofauna can increase organic matter mineralization (Nascimento et al., 2012) and in high 

abundances can deepen OPD in low O2 sediments (Bonaglia et al., 2020). By grazing on bacteria, 

meiofauna maintains microbial populations at the log phase, enhancing bacterial activity and thus 

O2 consumption. Some meiofaunal organisms, such as nematodes, the dominant group (Giere, 

2009), promote denitrification through NH4+ excretion, bioturbation and the mixing of oxidized 

solutes (Bonaglia & Nascimento, 2023). Furthermore, certain foraminifera may carry out 
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denitrification directly utilizing NO3- during respiration (Risgaard-Petersen et al., 2006), such as 

Nonionella sp. T1, accounting for up to 50–100% of NO3- loss from sediment pore waters under 

oxic conditions (Choquel et al., 2021). 

While much of the existing literature on MPs in marine sediments focuses on MPs abundance and 

bacterial communities (Bouchet et al., 2023), few studies address their impacts on biogeochemical 

cycles and even fewer on meiofauna. Recent research suggests that MPs can serve as organic 

carbon substrates for microbes, potentially altering nitrogen cycling (Chen et al., 2022; Seeley et 

al., 2020). For example, polyurethane foam (PUF), polylactic acid (PLA) and to a lesser extent 

polyethylene (PE) at a concentration of 0.5% w/w increased denitrification-nitrification (Seeley et 

al., 2020). Furthermore, biogeochemical responses may depend on the plastic type. For example, 

both PE and PLA increased benthic N2O production, while 1 % w/w PE promoted nitrifier 

denitrification (39.4%) and heterotrophic denitrification (53.3%) (Chen et al., 2022). Experimental 

evidence shows that most meiofaunal groups may ingest MPs (de França et al., 2024). In the case 

of nematodes, MPs ingestion appears completely random and is not induced by microbes on MPs 

particles surfaces (Ridall et al., 2023). For copepods, MPs particles attached to the locomotory 

appendages may impair their swimming behaviour (Suwaki et al., 2020), while some benthic 

foraminifera incorporate MPs into their tests, thus being directly exposed to plastic leachates 

(Bouchet et al., 2023). A recent study reported a decrease in bioturbation depth by meiofauna, yet 

this response was decoupled from OPD which increased instead with MPs pollution (Ridall et al., 

2024). Empirical investigation of meiofauna and associated biogeochemical responses to MPs is 

hence critical to reveal the impact of MPs pollution to ecosystem functioning in coastal areas.   

However, little is known about how varying concentrations of MPs can affect meiofauna and their 

associated functions in estuarine sediments. Furthermore, most studies use brand new MPs, 

limiting unfortunately the applicability of their findings to real-world conditions. For instance, 

Seeley et al., (2020) and Chen et al., (2022) both used virgin or recycled MPs that had not 

undergone weathering. These studies, like most research, rely on slurry incubations which fail to 

fully reproduce natural conditions, as both sediment structure and redox gradients are altered. This 

highlights the lack of experiments using sediment cores with defined redox gradients. In fact, only 
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11% of studies have used aged MPs and simultaneously placed them under environmentally 

relevant conditions (Gavlová et al., 2025).  

2. Aims 

This thesis has the following aims: 

1)  to assess the direct and indirect effects of microplastics on meiofauna structure and function.  

2)  to quantify the effects of microplastics on benthic O2 dynamics and N cycling processes. 

3. Method 

3.1. Sediment sampling and conditioning 

Sampling was carried out in August 2024 in Grundsund, near the mouth of Gullmar Fjord on the 

Swedish west-coast (58° 24.968' N, 11° 40.674' E) (Fig. 2), a coastal area with a depth of 17.5 

meters. Temperature of the bottom water was 17°C, with salinity of 29 PSU, and O2 concentration 

of 208.5 µM (83% saturation). Sediment was collected from the seafloor with a box corer (six 

casts). For each cast, all sediment from the box corer was transferred to two 60 L boxes. Collected 

sediments were then transported to Kristineberg Research Centre on the same day. Sediments were 

first homogenised and sieved to four 20 L metal buckets. To prevent pseudo-replication, sediments 

from the 60 L boxes were randomly transferred to the buckets through a 1 mm sieve to remove 

larger macrofauna, using in situ bottom water, until the sediment slurry reached a height of 20-22 

cm. The large macrofauna fraction was removed to minimize variability and increase statistical 

power. 

After settling overnight, more sediment was added using the same procedure. The height of the 

slurry in each bucket was ~10 cm at the end. The buckets were maintained at 17 °C and the 

overlying waters were aerated for later procedures. Water parameters (temperature, salinity and 

oxygen saturation) were monitored daily to ensure constant conditions. To maintain ambient 

conditions and to avoid accumulation of solutes (e.g. NH4+), the overlying water was replaced three 

times a day, and the whole water was completely replaced every three days. Buckets with sediments 
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and 200 L of in situ bottom water were transferred to the University of Gothenburg for later 

incubation experiments, and were maintained in the same manner described above.  

 

Fig. 2: Overview maps of a) the sampling location in a red box. b) The red box magnified showing the 
sampling site (red diamond) and Kristineberg Research Centre (yellow star) for reference. 

3.2. Experimental setup 

The experiment consisted of four treatments: Control, Low, Medium and High. The plastic used 

was polyethylene (PE), spherical particles with a diameter of 125 µm (Goonvean Fibres). 

Polyethylene was chosen since it is the most common plastic type found in aquatic environments 

(Erni-Cassola et al., 2019). The Low treatment received 0.05% w/w PE (0.045 g per sediment core), 

reflecting four times the concentration of MPs found in a Norwegian fjord that receives both 

wastewater and sewage (Haave et al., 2019). The Medium treatment received 0.5% w/w PE (0.45 

g), which is in line with MPs amounts used in previous studies conducted in Shanghai (Chen et al., 

2022) and the United States (Seeley et al., 2020). The High treatment received 5% w/w PE (4.5 g), 

aiming to resemble an "environmentally relevant" worst-case scenario. This, since MPs 

concentrations of up to 6.7% (w/w) have been reported in soils sampled at a waste facility in 
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Sydney (Fuller & Gautam, 2016). Prior to addition, PE was weathered to simulate environmental 

degradation. Sixty grams of virgin PE were placed in glass petri dishes, with 40 µm filtered in situ 

water and weathered through abrasion and photo-oxidation (Sun et al., 2020). For approximately 7 

days (143 hours), continuous shaking simulated physical abrasion caused by waves, and the 

exposure to UV light simulated photo-oxidation. The PE was then washed with deionized (DI) 

water and dried overnight before being added to the sediments. 

After 27 days of pre-incubation, thirty-two cores (30 cm height, Ø 4.6 cm) were labelled with a 

treatment (n= 8 per treatment) and used to randomly subsample the sediment from the buckets. A 

magnetic stirrer was added to each core to ensure water mixing within each core. The cores were 

placed in a glass water tank filled with 40 µm filtered in situ bottom water and aerated. The 

following day, magnetic stirrers were removed and weathered PE was added to each core. Added 

plastic was thoroughly mixed with the top 3 cm of sediment to ensure even distribution. To 

minimise floating of the mixed plastic, 5 ml of sediment was added on top before addition of 

overlying water. The Control cores were treated accordingly without addition of plastic. All cores 

were placed randomly in the incubation tank. Once the sediment settled, magnetic stirrer bars were 

placed back in each core and all cores were maintained in the dark at a constant temperature of 17 

°C, with stable oxygen and salinity levels for 12 days. 

3.3. Sediment characteristics 

Subsamples (n=7) from the top 3 cm of the remaining sediment in the buckets were homogenized, 

weighed wet and dried at 60 °C for 36 hours to eliminate water. Density (g/cm3)  and porosity (%) 

were then calculated according to Dalsgaard et al., (2000). 

3.4. Sediment microprofiling for O2 

Oxygen microprofiles were performed to determine OPD and DOU. On day 6, two cores per 

treatment were randomly selected and three profiles were obtained from each replicate. 

Measurements were repeated at day 12 on the same cores, giving a total of 48 microprofiles. 

Measurements were performed with a Clark-type microelectrode (Unisense, Denmark) at a vertical 

resolution of 100 μm. OPD was calculated as the depth (mm) from the sediment surface at which 
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the O2 concentration was constant below 1 µmol L -1 (Bonaglia et al., 2020), and DOU rate from 

the O2 concentration gradient just below the sediment water interface, according to Fick's first law 

of diffusion (Schulz, 2000):  

J = Φ ⋅ Dsed ⋅ δC/δx                                                                                                             (1) 

where J is the diffusive flux (μmol m-2 d-1), in this case DOU, Φ is the sediment porosity, Dsed is 

the sediment diffusion coefficient (cm2 s-1), and δC/δx (µmol L -1 cm-1) is the vertical O2 

concentration gradient just below the sediment surface (C is the O2 concentration (µmol L -1), and 

x is the sediment depth (cm)). The sediment diffusion coefficient (Dsed) was calculated according 

to Boudreau's equation (Schulz, 2000): 

Dsed = Do/θ2                                                                                                                                                                                         (2) 

where Do is the diffusion coefficient in seawater 1.81⋅10-05 (cm2 s-2), determined according to the 

diffusion coefficient in seawater from Ramsing & Gundersen (1994). Tortuosity (θ), which is the 

degree of deviation around particles, was calculated using Boudreau´s equation (Schulz, 2000): 

θ = 1- ln (Φ2)                                                                                                                         (3) 

3.5. Sediment core incubations  

Sediment flux incubations were conducted at day 6 and day 12 to determine TOU, N2O and nutrient 

(NH4+ and NOx-) fluxes at the sediment-water interface. To initiate the incubation, O2 

concentrations in each core were measured using an optode probe (FireSting), followed by 

sampling of overlying water samples for initial N2O and nutrients (NH4+ and NOx-) concentrations. 

The N2O samples were fixed with 200 µL ZnCl2 in 22 mL glass vials without headspace, crimped, 

shaken and stored at 4˚C. Nutrient samples were filtered (0.45 µm), collected in 15 mL tubes and 

stored at -20˚C. The cores were then sealed without headspace. One core per treatment was fitted 

with an optode lid (FireSting) for continuous O2 monitoring, while the others were sealed with 

rubber stoppers. After 12-13 hours, when the O2 levels had decreased by maximum 25 % of the 
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initial concentration, the cores were uncapped. Final O2 concentrations were then measured and 

water samples were collected for final N2O and nutrients concentrations.   

After the flux incubations, a third incubation was conducted on day 13 to determine denitrification 

and DNRA rates, using the isotope pairing technique (IPT) (Nielsen, 1992). This method quantifies 

separately the contribution of coupled denitrification and nitrification within the sediment (Dn) and 

denitrification supported by overlaying water NO3- (Dw). The overlying water on each sediment 

core was amended with a stock solution of 200 mM 15NO3- to a final concentration of 50 μM. Water 

samples for NO3- were taken before and after 15NO3- addition to later calculate isotopic enrichment 

and were stored in 2 ml Eppendorf tubes at -20 ˚C. After substrate addition, cores were pre-

incubated (~1.5 hours) to ensure mixing with endogenous 14NO3-. After this lag time, the cores 

were capped and incubated for the same duration as the flux incubation (12-13 hours). At the end 

of the incubation, the top 3 cm of sediment was mixed, and slurry samples were collected in 12 mL 

Exetainers, fixed with 200 μL ZnCl2, capped, and stored upside down at 4 ˚C until later analysis. 

3.6. Laboratory analysis and other calculations 

Nitrous oxide was analysed by headspace analysis on a gas chromatograph (GC) equipped with an 

electron capture detector (ECD) (Loftfield et al., 1997). Precision was ~25 ppb and repeatability 

was ~1%, intended as the relative standard deviation (RSD). The headspace was created in each 

vial by removing 5 ml which was simultaneously replaced with nitrogen gas (N2). The vials were 

inverted and left overnight to allow for gas exchange between the headspace and the water, to 

obtain an equilibrium state before being analysed. The concentration (nM) was then calculated 

from the GC (headspace) output in ppm by applying the N2O solubility coefficient of Weiss and 

Price (1980), adjusted by the lab temperature (K) and salinity (PSU). The nutrients were analysed 

using standard spectrophotometric methods (Grasshoff et al., 2009) on an autoanalyzer system in 

Kristineberg Research Centre. Denitrification and DNRA rates were derived from the isotopic ratio 

of N2 (29/30N2), which were measured by gas chromatography-isotope ratio mass spectrometry (GC-

IRMS) at the University of Southern Denmark. 
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The sediment-water fluxes TOU, N2O, NH4+ and NOx- were calculated from the change of solute 

concentration in the water over time, using equation (Dalsgaard et al., 2000):  

Fx = (Tf - T0) ⋅h / Δt                                                                                                               (4) 

where Fx (µmol m-2 h-1) is the net flux of solute x, T0 and Tf (µM) are the concentrations at the 

beginning and at the end of incubation, h (cm) is the height of the water column in the core and Δt 

(hours) is the incubation time. Denitrification rates (µmol N m-2 h-1) were estimated from the 

production rates of 15N isotopes (Nielsen, 1992): 

D15 = p(29N2) + 2p(30N2)                                                                                                        (5) 

D14 = D15 ⋅ (p(29N2) / 2p(30N2))                                                                                              (6) 

where p(29N2) and p(30N2) are the production rates of 29N2 and 30N2 per unit time and area, 

respectively, and D15 and D14 are the rates of denitrification of 15NO3- and 14NO3- respectively. The 

part of D14 based on NO3- from the water column (Dw) and denitrification coupled to nitrification 

(Dn) were calculated:  

Dw = D15 ⋅ ([14NO3-] w / [15NO3-] w)                                                                                       (7) 

Dn = D14 - Dw                                                                                                                         (8) 

where [14NO3-] w and [15NO3-] w  are the concentrations in the water column of 14NO3-  and  15NO3- 

respectively. DNRA rate (µmol N m-2 h-1) was calculated according to Bonaglia et al., (2014): 

DNRA = p15NH4+ ⋅ (D14 / D15)                                                                                               (9) 

where p15NH4+ is the production rate of 15N-labelled ammonium during incubation. 

3.7. Meiofauna extraction and counting  
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After all incubation experiments, the top 3 cm of sediment of each core was sieved through a 40 

µm sieve. The retained material was preserved in a 70 % ethanol solution with Rose Bengal (50 

ml), and stored at 4°C until analysis. Ethanol was chosen as a preservative given that it is used as 

a solvent to extract MPs (Fadare et al., 2023), meaning that it does not affect MPs structure, whereas 

no literature was found regarding the effects of formalin on MPs. Meiofauna were extracted from 

the sediment using the density separation method described by Näslund et al., (2010). Briefly, 

ethanol was rinsed off with DI water, and the sediment was carefully transferred into a 300 mL 

Erlenmeyer flask. Levasil colloidal silica (Nouryon) with a density of 1.2 kg m-3 was added, and 

the flask was shaken vigorously before being left to stand for 5 minutes. The supernatant with the 

floating meiofauna was then poured onto a 40 µm sieve, rinsed with DI water to remove Levasil 

and transferred into a small beaker. The sieved Levasil was returned into the Erlenmeyer flask and 

the procedure repeated twice, with the last repetition having a setting time of 30 minutes. The 

remaining sediment after the last extraction was rinsed and set aside for later counting of ostracods 

and foraminifera, as their higher density prevents them from floating in Levasil. Meiofauna 

organisms were counted and identified to the highest taxonomic level (phylum, class, or order) 

under a Nikon SMZ-2B stereomicroscope at 50x magnification. 

3.8. Statistical analysis  

Normality of all datasets was determined using Shapiro-Wilk normality test.  Since all datasets 

were not normally distributed (p < 0.05), differences between treatments for each measured 

variable were determined using one-way ANOVA for parametric data and Kruskal-Wallis analysis 

for non-parametric data. For variables with two factors (Treatment and Time), two-way repeated 

measures ANOVA was used for parametric data and the Scheirer-Ray-Hare (SRH) test for non-

parametric data. When results were significantly different (p < 0.05), pairwise post-hoc analyses 

were applied among treatments: Tukey's test for one-way ANOVA and two-way repeated measures 

ANOVA and Dunn's test for Kruskal-Wallis analysis and SRH. Compact Display Letters (CDL) 

were assigned to indicate which treatments differed significantly from each other. Correlations 

between variables were analysed using Spearman's rank correlation. Only statistically significant 

correlations (p < 0.05) were graphed. All analyses were performed in RStudio version 4.4.2. 
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4. Results 

4.1. Meiofauna abundance and assemblage  

The Control treatment showed the highest meiofauna abundance (Fig. 3A; Table 1). Meiofauna 

abundance decreased from Control to High treatment, and was reduced by 29%, 36% and 45% in 

Low, Medium and High treatments, respectively (Table 1), and was significantly different between 

treatments (p < 0.001) (Table 3).  

The dominating meiofauna organism in the Control treatment were Nematoda followed by 

foraminifera. The Low, Medium and High treatments exhibited the opposite trend, being 

dominated by foraminifera followed by Nematoda (Fig. 3B; Table 1). The observed foraminifera 

across all treatments were mainly the invasive Nonionella sp. T1, the opportunistic Stainforthia 

fusiformis and agglutinated species (data no shown). Nematoda abundance in the Control treatment 

was significantly higher than the other treatments (p <0.001). Differences in foraminifera and 

Ostracoda abundances between treatments were not statistically significant (Table A1). 

 

 

Fig. 3: (A) Meiofauna abundance (ind. 10-3 m-2) in the top three centimetres of sediment in each treatment. 
Different letters indicate statistical differences among treatments (Kruskal Wallis Test and Dunn Test; p < 
0.05). Error bars represent standard errors (n = 8 per treatment) (B) Mean relative abundance (%) of each 
taxon at the highest identified taxonomic level in each treatment (n = 8), calculated as a percentage of the 
total meiofauna abundance. 
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Table 1: Meiofauna abundance for each identified taxon in individuals per square meter ( ind. 10-3 m-2 ) 
in the top three centimetres of sediment. Values are mean ± standard error (n= 8 per treatment). 

 

Organism                          Treatment 

 Control Low Medium High 

Nematoda 20 ± 1 10 ± 1 9 ± 1 7 ± 0 

Copepoda                       5 ± 0 4 ± 1 3 ± 0 2 ± 0 

Ostracoda 7 ± 1 5 ± 1 6 ± 1 6 ± 0 

Foraminifera 17 ± 1 16 ± 1 14 ± 1 15 ± 1 

Polychaeta 7 ± 1 4 ±  1 4 ± 0 5 ± 1 

Platyhelminthe 3 ± 0 4 ± 1 3 ± 0 2 ± 0 

Kinorhyncha 5 ± 0 3 ±  1 3 ± 1 1 ± 0 

Halacaridae 4 ± 0 2 ± 1 3 ± 0 1 ± 0 

Cladocera 5 ± 1 2 ± 1 1 ± 1 1 ± 0 

Gastrotricha 3 ± 1 2 ± 0 2 ± 0 3 ± 1 

Total meiofauna 76 ± 1 53 ± 2 49 ± 1 42 ±1 

 

 

4.2. Benthic O2 dynamics                                                      

On Day 6, TOU ranged from 15.8 to 13.9 mmol m-2 d-1 , with the Medium treatment exhibiting the 

lowest TOU (Fig. 4C). The Control treatment had the deepest OPD of  3.6 mm, while the Low, 

Medium and High treatments ranged from 3.4 mm to 3.1 mm (Fig. 4A-B). Diffusive O2 uptake 

ranged from -7.3 to -10 mmol m-2 d-1. The Medium treatment showed the highest DOU (~75%) 

and the Control treatment the lowest. Fauna O2 uptake ranged from -3.84 to -8.32 mmol m-2 d-1. 

The Control treatment showed the highest FOU (~55%) while the Medium treatment had the lowest 

FOU (Fig. 4C).  
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On Day 12, TOU ranged from 13 to 11.6 mmol m-2 d-1. The Control and Medium treatments 

showed similar uptake, which was higher than in the Low and High treatments (Fig. 4C). The 

Control treatment exhibited the deepest OPD (4.3 mm) compared to the other treatments, which 

were all around 3.7 mm (Fig 4A-B). Diffusive O2 uptake ranged from -7 to -9 mmol m-2 d-1. The 

Low and High treatments showed the highest DOU (~70%) and the Control treatment featured the 

lowest DOU. Fauna O2 uptake ranged from -3.65 to -5.76 mmol m-2 d-1 on Day 6. The Control 

treatment showed the highest FOU (~ 45%) while the Low and High treatments displayed the 

lowest FOU (Fig. 4C).  

Comparing both sampling days, TOU decreased over time in all treatments (Fig. 3C), with a 

significant Time effect (p < 0.001), but no Treatment effect or interaction (Table A3). Deeper OPD 

was observed at Day 12 in all treatments, most notably in the Control (0.71 mm vs. 0.35- 0.52 mm 

in the other treatments) (Fig. 4A-B), which had significantly deeper OPD on both sampling days 

(Fig. 4B). Both Treatment and Time had significant effects on OPD (p < 0.001) separately, but no 

interaction (Table A3). A decline over time for DOU was observed in all treatments, least 

pronounced in the Control (0.31 mmol m-2 d-1) and most pronounced in the High treatment (1.59 

mmol m-2 d-1). Treatment and Time were significant (p = 0.012,  p = 0.005 resp.) without interaction 

(Table A3). Exceptionally, Medium treatment exhibited higher FOU on Day 12 (~ 40%) than on 

Day 6 (~25%), while the other treatments exhibited a decrease over time (Fig. 4C). Only Time had 

significant effect on FOU (p < 0.001) (Table A3).  
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Fig. 4: (A) Sediment microprofiles of dissolved O2. The red lines indicate the gradient used to calculate 
diffusive oxygen uptake (DOU). (B) Mean oxygen penetration depth (OPD), with the y-axis inverted to show 
the depth (mm) below the sediment-water interface. Different letters indicate statistical differences among 
treatments for each Day 6 and Day 12 separately (two-way repeated measures ANOVA and Tukey HSD; p 
< 0.05). (C) Mean total oxygen uptake (TOU) showing the contribution of fauna mediated oxygen uptake 
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(FOU) and DOU, corresponding to the left y-axis (inverted). Orange and yellow dots indicate the 
percentages of FOU and DOU respectively, corresponding to the right y-axis. FOU was calculated from 
cores where both TOU and DOU measurements were available, using the difference TOU – DOU. Error 
bars represent standard error (n = 6 per treatment). 

4.3. Dissolved inorganic nitrogen and N2O fluxes  

The Low treatment had the lowest NH4+ uptake, while other treatments showed similar patterns 

(Fig. 5A). The Control treatment showed the highest NO2- uptake. The trend was decreasing 

sediment NO2- uptake with increasing µ-PE concentration (Fig. 5B). The Control had the highest 

sediment uptake of NO3- while the Low treatment a low efflux of  NO3- (Fig. 5C). The Control also 

had the highest DIN uptake, while the Low treatment showed a very low uptake, just below 0 mmol 

m-2 d-1 (Fig. 5D). The Control treatment sediment uptake of NO2- was significantly higher than all 

other treatments (Fig. 5B).  

On Day 6, the Control treatment showed N2O uptake, whereas N2O fluxes were promoted in the 

µ-PE treatments, especially in the Medium treatment. On Day 12, the Control treatment exhibited 

the highest N2O uptake. The Low treatment was the only featuring an efflux of N2O. Comparing 

Day 6 and Day 12, N2O fluxes decreased over time. However, the decrease varied greatly between 

treatments: Control 313% , Low 55%, Medium 342% and High treatment 139% (Fig. 5E). The 

Control treatment was significantly different from the Medium treatment on Day 6. On Day 12, the 

Control treatment was significantly different from the Low treatment (Fig. 5E). Both Treatment 

and Time (p = 0.002 and p < 0.001 resp.) had significant effect on N2O flux, with no interaction 

(Table A3). 
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Fig. 5: Mean sediment- water fluxes of (A) ammonium (NH4+) (B) nitrate (NO2-) (C) nitrite (NO3-) and 
(D) dissolved inorganic nitrogen (DIN) for Day 12 and (E) Nitrous oxide (N2O) flux for Day 6 and Day 12. 
Different letters indicate statistical differences among treatments from Dunn's test; p < 0.05. Error bars 
represent standard error (n = 8 per treatment). 
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4.4. Denitrification and DNRA rates 

The rates of D14, ranging from 371.7 to 505.8 µmol N m-2 d-1, were higher than the rates of DNRA, 

which ranged from 13.13 to 23.13 µmol N m-2 d-1. The Medium treatment displayed the 

significantly highest rate of  D14 compared to the other treatments, and the High treatment the 

lowest rate. Denitrification was mainly driven by Dn in all treatments, contributing 77% in the 

Control, 87% in the Low, 62% in the Medium and 71% in the High treatment (Fig. 6B). The 

Medium treatment exhibited the highest rate of Dw and the Low treatment the lowest rate. The Low 

treatment had a significantly higher rate of Dn compared to the High treatment. The rate of Dw in 

the Medium treatment was significantly higher than in all other treatments (Table A2). In the case 

of DNRA, the High treatment showed the significantly highest rate and the Low treatment the 

lowest rate (Fig. 6A).  

 

 

Fig 6:(A) Mean total denitrification (D14) and dissimilatory nitrate reduction to ammonium (DNRA). 
Different letters indicate statistical differences among treatments (one way ANOVA and Tukey HSD; p < 
0.05). (B) Mean rates (left y-axis) of denitrification coupled with nitrification (Dn) and denitrification 
supported by overlaying water NO3

- (Dw). Yellow and red dots indicate the percentages of Dn and Dw, 
respectively, corresponding to the right y-axis. Error bars represent standard error (n = 8 per treatment).  
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4.5. Correlation with environmental variables  

A strong positive correlation is observed between meiofauna abundance and OPD (r value = 0.8, p 

< 0.05) (Fig. 7A). Meiofauna abundance and Dn rates exhibit a weak positive correlation (r value 

= 0.35, p < 005)  (Fig. 7C). Similarly, a weak positive correlation is shown between Dn and N2O 

fluxes (r value = 0.36, p < 0.05) (Fig. 7E). In contrast, a strong negative correlation is found 

between meiofauna abundance and NO2- fluxes (r value -0.72, p < 0.001) (Fig. 7B), as well as 

between OPD and NO2- fluxes (r value = -0.77, p < 0.05) (Fig. 7D). A weak negative correlation 

is also observed between DNRA and N2O fluxes (r value = -0.38, p < 0.05) (Fig. 7F).  

When comparing the correlation plots with meiofauna abundance as the potential driver 

(independent variable), both OPD and Dn increase as meiofauna abundance increases (Fig. 7A, 

7C), while NO2- fluxes decrease as meiofauna abundance increases (Fig. 7B). Considering OPD as 

the independent variable, NO2- fluxes decrease when OPD increases and vice versa (Fig. 7D), 

showing a similar patterns as with meiofauna abundance. As a response variable, N2O fluxes 

increase with increasing Dn  (Fig. 7E) and decrease with decreasing DNRA (Fig. 7F).  
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Fig. 7: Correlations analyses between: meiofauna abundance and (A) O2 penetration depth (OPD) (B) 
nitrate (NO2

− ) fluxes and (C) Denitrification coupled with nitrification (Dn); (D) OPD and NO2
−. Nitrous 

oxide (N2O) fluxes (y axis) and (E) Dn and (F) dissimilatory nitrate reduction to ammonium (DNRA). rs 
indicate Spearman's r coefficient values. P-values of < 0.05 indicate significant correlations. Values in 
meiofauna abundance in (A) and NO2

- in (D) from the same cores as OPD measurements were available. 

5. Discussion 

5.1. Microplastics reduced meiofauna abundance and changed their community 
composition  

Micro-PE significantly reduced the total abundance of meiofauna (Fig. 3A), resulting in a decline 

of up to 45 % (Table 1). Possible reasons for this decline include: 1) mortality caused by intestinal 

damage following µ-PE ingestion (Bouchet et al., 2023; Lei et al., 2018); 2) oxidative stress (Lei 
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et al., 2018); 3) sensitivity to direct exposure to plastic leachates (Delaeter et al., 2022); 4) 

inhibition of locomotion (Suwaki et al., 2020). 

Regardless of µ-PE concentration, the most affected organisms were nematodes, reaching a 

decrease of 65% at the highest µ-PE concentration (Table 1). Similar results have been observed 

in soil nematodes that were exposed to MPs concentrations of around 5% w/w (Liu et al., 2025). 

Studies on freshwater nematodes have shown that the ingested MPs accumulates in their digestive 

tracts, causing physical obstruction that induces mortality (Lei et al., 2018). Direct exposure to 

plastic leachates may also cause mortality (Delaeter et al., 2022). Furthermore, leachates in 

ingested µ-PE could cause oxidative stress that inhibited the nematodes survival rate (Lei et al., 

2018). When MPs were exposed to artificial UV radiation for 288 hours, their leachates became 

more toxic. As a consequence, acute toxicity increased and the mortality of marine copepods 

(Bejgarn et al., 2015). These mechanisms likely explain the sharp decrease in nematode abundance 

observed in our study, particularly at the highest µ-PE concentration. Since nematodes are non-

selective feeders (Ridall et al., 2023), their mortality can be related to the ingestion of µ-PE. 

However, whether this lethal effect was due to physical blockage in their gut, to the ingested µ-PE 

toxicity, or a combination of both. This uncertainty is reinforced given that the µ-PE in this study 

was exposed to artificial UV radiation, albeit for a shorter period (143 hours) than in previous 

studies (Bejgarn et al., 2015). 

Copepod, Kinorhyncha, and Cladocera, although less abundant than nematodes, also exhibited a 

significant decrease at higher µ-PE concentration (Table 1-A1). The reasons could be the same as 

for nematodes. However, these taxa could also have been reduced due to the adhesion of µ-PE to 

their locomotor appendages, which impairs mobility (Suwaki et al., 2020). Foraminifera and 

ostracods were in contrast more resistant to µ-PE contamination (Table 1). Although previous 

studies have pointed out that some foraminifera incorporate MPs into their test  (Bouchet et al., 

2023), our incubation period may have been too short for this to have caused their death. Their 

shells may instead have protected foraminifera and ostracods against the direct toxicity µ-PE. 

Another reason could be selective feeding strategies, and therefore a lower µ-PE intake. 
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Furthermore, many of the observed foraminifera were invasive or opportunistic species, indicating 

a greater development of adaptive strategies.  

Since µ-PE negatively affected meiofauna abundance, community composition shifted from being 

nematode-dominated to foraminiferal-dominated (Fig. 3B). This shift could have influenced solute 

transport within the sediment. Nematodes are among the most effective bioturbators, meaning they 

actively enhance the mixing of sediment with solutes, while foraminifera´s movements are slower 

(Giere, 2009). Consequently, this impact of µ-PE contamination on the meiofauna community 

composition could have altered the associated redox conditions in the sediment. 

5.2. Microplastic driven decline in meiofauna lowered oxygen penetration depth 

Micro-PE additions resulted in significantly shallower OPD and increased DOU (Fig. 4A-C). The 

decrease in OPD appears to be primarily driven by the decline in meiofauna abundance, rather than 

solely due to changes in microbial O2 demand. Although MPs may stimulate microbial respiration, 

either by acting as substrate for microbes (Chen et al., 2022; Seeley et al., 2020) or by causing a 

stress reaction  (Ladewig et al., 2024), no significant differences were found between treatments in 

DOU (Fig. 4C) or significant correlation between DOU and OPD. This view is supported by the 

significant positive relationship between meiofauna abundance and OPD (Fig. 7A). The shallower 

OPD in the µ-PE treatments could be direct related to the significant decrease in nematodes (Fig. 

3A; Table 1-A1). Nematodes are burrowers than can facilitate the transport of O2 to deeper sediment 

layers (Coull, 1999). This is consistent with previous studies that have shown meiofauna´s capacity 

to deepen OPD (Bonaglia et al., 2020).  

The Control treatment exhibited the highest FOU percentage on both sampling days, which is 

expected since it had the highest meiofauna abundance, however, without being statistically 

significant. The unexpected increased in FOU, in the Medium treatment on Day 12 (Fig. 4C) could 

reflect a short-term stress response, eventually caused by PE leachates as highlighted in previous 

studies on bacteria (Ladewig et al., 2024). 
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Time effect was statistically significant for all parameters (OPD, TOU, DOU and FOU) (Table 

A3). In all treatments, over time, OPD increased (Fig. 4A-B) while TOU, DOU and FOU decreased 

(Fig. 4C), except FOU in the Medium treatment, as mentioned above. However, those effects were 

probably not caused by µ-PE, as there was no significant interaction between Treatment and Time 

(Table A3). The reason could be a gradual consumption of labile organic matter, in these lab 

mesocosm without new inputs, which in turn reduced microbial O2 demand over time, as observed 

in previous studies (Ridall et al., 2024). In summary, the shallower OPD in the µ-PE treatments 

was likely due to the decreased meioturbation, possibly related to nematodes. This indirect effect 

of µ-PE contamination could have affected the dynamics of the nitrogen cycle in the sediment.  

5.3. Microplastic driven benthic nitrous oxide release  

Micro-PE contamination altered the nitrogen cycle by enhancing benthic nitrification, reducing 

denitrification efficiency and in turn promoting N2O release. These changes were likely 

exacerbated by the reduced meiofaunal activity, as it affects the availability of O2 for nitrification 

and of NO3- and NO2- for denitrification deeper in the sediment (Knowles, 1982). The Control 

treatment, which had the highest meiofauna abundance (Fig 3A), exhibited the highest uptake of 

NO2-, NO3- and DIN on Day 12 (Fig. 5B-D), suggesting a more efficient transport of solutes to 

deeper layers than in the µ-PE treatments. This is supported by the significant negative correlations 

between meiofauna abundance and NO2- (Fig. 7B) and between OPD and NO2- (Fig. 7D). In 

addition, the Control treatment exhibited N2O uptake on Day 6, in contrast to all µ-PE treatments, 

which were sources, and the highest N2O uptake on Day 12 (Fig. 5E).  

Nitrous oxide and NO3- fluxes appear to be related, as both followed similar patterns across all 

treatments (Fig. 5C, 5E). In fact, the ratio N2O/N2 of denitrification increases if NO3- is abundant 

in the sediment, since it is preferred over N2O as an electron acceptor (Wrage et al., 2001). The 

observed NO3- efflux in the Low treatment (Fig. 5C), suggest an enhanced benthic nitrification and 

slower or unbalanced denitrification. This could lead to the accumulation of NO3- in the sediment, 

and the observed N2O efflux (Fig. 5E). Since the Medium and High treatments exhibit N2O efflux 

on Day 6, they probably had an efflux of NO3- then, which eventually was highest in the Medium 

treatment (Fig. 5E). 
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The Medium treatment showed significantly higher D14 rates than the other treatments (Fig 6A). 

This is consistent with previous studies suggesting enhanced denitrification-nitrification at µ-PE 

concentrations of 0.5 % w/w (Seeley et al., 2020). However, in this case, the elevated D14 

was driven by its significantly higher Dw and not by enhanced Dn rates (Fig 6B). The Low 

treatment showed enhanced Dn rates (Fig. 6B), but released N2O (Fig. 5E), indicating 

incomplete denitrification. In contrast, the High treatment had the lowest D14 and Dn rates 

(Fig. 6A-B), indicating slower denitrification, but simultaneously had N2O uptake at Day 12 

(Fig. 5E). However, its significantly higher DNRA rates (Fig. 6A) suggest that µ-PE at high 

concentrations may favour nitrogen retention in the ecosystem, potentially contributing to 

eutrophication.  

Disrupted denitrification efficiency under µ-PE contamination may have been amplified by 

the reduced meioturbation, which limits solute transport (Aller & Aller, 1992; Coull, 

1999). In addition, the shallower OPD observed in the µ-PE treatments (Fig 4A-B), also related 

to reduced meioturbation, increased the risk of N2O release from denitrification. This is because 

the balance between N2O production and consumption within the sediment is influenced by 

the vertical position of these two processes in the sediment profile (Meyer et al., 2008). Thus, if 

denitrification occurs very close to the sediment water-interface, N2O will escape to the overlying 

water before it can be reduced to N2. Also, a shallower OPD increases N2O production via 

nitrifier denitrification (Goreau et al., 1980; Wrage-Mönnig et al., 2018). This aligns with 

previous studies showing that µ-PE significantly increased N2O production through both 

heterotrophic and nitrifier denitrification (Chen et al., 2022). Additionally, the shallower OPD 

may lead to an earlier onset of sulfate reduction, during which toxic free sulfide (H2S) is 

produced (Bonaglia et al., 2020).  Studies suggest that H2S inhibits denitrification (which may 

increase N2O accumulation), while enhancing DNRA by acting as an electron donor (An & 

Gardner, 2002). This could explain the increased DNRA and simultaneous decreased Dn 

rates observed in the High treatment (Fig 6A-B); unfortunately, H2S was not measured in 

this study. Another possibility that could have negatively affected denitrifiers is the resulting 

reduction in bacterial grazing with the marked decrease in meiofauna abundance (Fig. 3A). 

This is because each µ-PE particle itself constitutes a new surface for microbial colonization 

(Moncer et al., 2025). These biofilms could have benefited from 
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meiofauna grazing to maintain their growth phase, thereby improving microbial efficiency (Giere, 

2009). However, since bacterial communities were not studied here, further studies are required. 

The results suggest that most of the N2O released was produced via Dn, supported by the significant 

positive correlation between N2O and Dn (Fig. 7E). However, a contribution from nitrifier 

denitrification related to the diminished NH4+ uptake in the Low treatment (Fig. 5A) cannot be 

excluded. Interestingly, both meiofauna abundance and N2O flux were positively correlated with 

Dn (p < 0.05; Fig. 7F and 7E). This is not contradictory since the correlation test does not 

differentiate between complete or incomplete Dn. Based these findings together, the Control 

treatment was the most effective treatment removing excess nitrogen from the system, supported 

by the highest N2O uptake compared with the µ-PE treatments (Fig. 5E).  

Similar to OPD, TOU, DOU and FOU, there was no significant interaction between treatment and 

time for N2O (Table A3). The decrease of N2O flux over time in all treatments could also be related 

to the gradual consumption of labile organic matter (Fig. 5E). If the same effects of MPs on benthic 

N2O production occur in situ, where organic matter is continuously supplied thanks to the high 

primary productivity in the euphotic zone (Libes, 2009), this implies substantial N2O effluxes from 

estuarine environments due to MPs pollution, which should be taken into account by climate 

scientists and policy makers. 

5.4. Study limitations and future directions 

Only one type of plastic material, as well as a single size and shape, was used, limiting the 

generalizability of the findings. Furthermore, this study examined isolated variables under 

controlled forms, which could oversimplify the complexity of natural ecosystems (Ladewig et al., 

2024). In addition, meiofauna abundance was 92% lower than expected in estuarine sediments 

(Coull, 1999). This is likely related to a decrease in organic matter over time in our experimental 

sediments, since the conditioning period was prolonged (27 days) prior to microcosms 

establishment. Future studies should consider in situ addition experiments to capture natural 

fluctuations. However, these experiments pose numerous challenges, such as lower repeatability 
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and reproducibility than in controlled experiments and greater uncertainty due to high variability 

(Haag & Matschonat, 2001). 

6. Conclusions 

The results showed that µ-PE promotes benthic N2O emission by increasing Dn, which was likely 

due to shallower OPD. At high µ-PE concentrations, DNRA levels increased, increasing the risk 

of eutrophication in estuarine environments, which are already vulnerable to oxygen deficiency 

and nutrient overload due to human activities. In the Control treatment, meiofauna regulated these 

benthic biogeochemical processes, enhancing Dn efficiency by promoting deeper OPD. These 

findings highlight the importance of meioturbation in real estuarine environments. Since 

denitrifying foraminifera appear to be more resilient to microplastic contamination, they become 

particularly important for nitrogen removal. Finally, the results reinforce the need to address plastic 

pollution, not only by regulating its production and improving waste management, but also by 

rethinking how we consume and value materials.  
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Appendix 

Table A1: Summary of compact letter display (CDL) for each meiofaunal identified taxon. Different letters 
represent significant differences (p < 0.05), while the same letter represents no significant differences (p > 
0.05) among treatments. Pairwise comparisons were performed using the Dunn Test following the Kruskal 
Wallis Test. 

Organism                   Differences among treatments 

 Control Low Medium High 

Nematoda a b b b 

Copepoda                       a ab ab b 

Ostracoda a a a a 

Foraminifera a a a a 

Polychaeta a b b ab 

Platyhelminthe a a a a 

Kinorhyncha a ab ab b 

Halacaridae a b ab b 

Cladocerans a ab b b 

Gastrotricha a a a a 

 

 

 

Table A2: Summary of compact letter display (CDL). Different letters represent significant differences (p < 
0.05), while the same letter represents no significant differences (p > 0.05) among treatments. Pairwise 
comparisons were performed using the Tukey test following one -way ANOVA.   

Variable        Differences among treatments 
 

 Control Low Medium High 
 

Dn ab a ab b 
 

Dw b b a b 
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Table A3: Summary of statistical results of the one-way Anova (F values) and Kruskal Wallis test (H values) 
for variables with one factor (Treatment) and of the two-way repeated measures ANOVA (F values) and 
Scheirer-Ray-Hare (SRH) (H values) for variables with two factors (Treatment and Time).  

Variable                               Factor Df Test result P value 

Meiofauna abundance - 3 H = 26.371 < 0.001 

NH4
+ - 3 F = 1.979 0.140 

NO2
- - 3 H = 21.09 < 0.001 

NO3
- - 3  H = 6.651 0.084 

DIN - 3 F = 2.729 0.627 

D14 - 3 F = 7.245 < 0.001 

Dn - 3 F = 4.596 0.010 

Dw - 3 F = 14.372 < 0.001 

DNRA - 3 F = 3.401  0.031 

OPD                           Treatment 3 F = 15.821 < 0.001 

 Time 1 F = 54.603 < 0.001 

 Treatment x Time 3 F = 1.647 0.196 

DOU Treatment 3 F = 7.928 0.012 

 Time 1 F = 16.644 0.005 

 Treatment x Time 3 F = 2.733 0.123 
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TOU Treatment 3 F = 0.434 0.735 

 Time 1 F  = 29.420 < 0.001 

 Treatment x Time 3 F = 1.729 0.2477 

FOU Treatment 3 F = 3.363 0.084 

 Time 1 F = 7.297 0.031 

 Treatment x Time 3 F = 2.931 0.109 

N2O flux Treatment 3 H = 15.359 0.002 

 Time 1 H = 15.487 <0.001 

 Treatment x Time 3 H = 2.151 0.542 

 

 


